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This review examines the mechanisms propelling cofactor-independent, organic cofactor-dependent and
metal-dependent decarboxylase chemistry. Decarboxylation, the removal of carbon dioxide from organic
acids, is a fundamentally important reaction in biology. Numerous decarboxylase enzymes serve as key
components of aerobic and anaerobic carbohydrate metabolism and amino acid conversion. In the past
decade, our knowledge of the mechanisms enabling these crucial decarboxylase reactions has continued to
expand and inspire. This review focuses on the organic cofactors biotin, flavin, NAD, pyridoxal 50-phosphate,
pyruvoyl, and thiamin pyrophosphate as catalytic centers. Significant attention is also placed on the
metal-dependent decarboxylase mechanisms.
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1. Introduction

Decarboxylation is one of the most common processes in nature
and one of the most fundamentally important reactions in biologi-
cal systems. Essentially all of the carbon dioxide evolved in fermen-
tation and respiration is generated by the decarboxylation of
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organic acids [1]. Decarboxylases are known for their roles in a wide
variety of catabolic and anabolic pathways including decarboxyl-
ation of a- and b-keto acids, amino acid conversions, and carbohy-
drate synthesis [2]. Within the IUPAC classification scheme,
decarboxylases are currently divided into at least 90 different clas-
ses [3]. Substantial efforts have been applied to the study of the ori-
gin and the mechanisms of production of metabolic carbon dioxide,
and considerable knowledge has been accumulated regarding the
decarboxylation mechanisms in biological systems. Enzymatic
decarboxylation usually utilizes either an organic cofactor such as
pyridoxal 50-phosphate and biotin, or an inorganic cofactor, such
as an iron or zinc complex, in the catalytic reaction (Table 1). Only
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Table 1
Catalytic strategy for biological decarboxylation.

Catalytic cofactor/coenzyme Representative enzyme

None Orotidine monophosphate decarboxylase
Organic Biotin Oxaloacetate decarboxylase, glutaconyl-CoA decarboxylase

Flavin Lantibiotic-biosynthesizing enzyme EpiD, 4-phosphopantethenoyl cysteine
decarboxylase

Glycyl radical 4-Hydroxyphenylacetate decarboxylase
NAD+/NADP+ Methylmalonyl CoA decarboxylase
Pyridoxal 50-phosphate Glycine decarboxylase; ornithine decarboxylase; DOPA decarboxylase
Pyruvoyl Arginine/aspartate/histidine decarboxylase; S-adenosylmethionine decarboxylase
Thiamin diphosphate Pyruvate dehydrogenase multienzyme complex; phosphonopyruvate decarboxylase

Inorganic Alkaline earth metal Mg2+ 3-Keto-L-gulonate 6-phosphate decarboxylase
d-Block metal Fe2+/O2 (oxidative) Gallic acid decarboxylase; CloR decarboxylase; a-ketoglutarate-dependent

dioxygenases
Mn2+/O2 Oxalate decarboxylase
M2+ (oxidant-independent)
(M@Zn, Fe, Co, Cd, or Mn)

a-Amino-b-carboxymuconate-e-semialdehyde decarboxylase
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a handful of decarboxylases, e.g. orotidine monophosphate decar-
boxylase (OMPDC) [4,5] and methylmalonyl CoA decarboxylase
from Escherichia coli [6], do not utilize any cofactors. In this review,
representative decarboxylation mechanisms are outlined.

2. Enzymatic decarboxylation without an exogenous cofactor

The active sites of most decarboxylases bind organic or metal
cofactors, which activate decarboxylation and/or stabilize the
carbanion upon the elimination of carbon dioxide from the sub-
strate [7]. Orotidine 50-monophosphate decarboxylase (OMPDC)
[5,8–10], 2-oxo-4-hydroxy-4-carboxy-5-ureidoimidazoline decar-
boxylase (OHCUD) [11,12], methylmalonyl CoA decarboxylase
(MMCD) from E. coli [6], and malonate semialdehyde decarboxyl-
ase (MSAD) from Pseudomonas pavonaceae [13,14] are among a
few decarboxlylases that do not contain any cofactors. These
enzymes catalyze non-oxidative decarboxylation reactions.

OMPDC catalyzes the critical final step in the pyrimidine biosyn-
thetic pathway [5,8]. This enzyme has drawn much attention because
its rate enhancement is one of the highest of any known enzymes
[15]. The crystal structures of OMPDC from Pyrococcus furiosus with
and without substrate have recently been determined at high res-
olution. These structures have helped to establish a well-defined
substrate binding pocket [16]. An extremely hydrophobic pocket
is believed to be a strong factor in the rate enhancement compared
to rates in the absence of a catalyst [17]. The presence of a carban-
ionic intermediate is supported through mutagenic [18] and kinetic
experiments [18,19], and a carbanion-like intermediate has been
trapped in crystals using substrate analogs [20]. However, whether
the protonated site occurs at C5 or C6 remains to be determined
[9,21–23].

A stepwise mechanism has been proposed for the OMPDC catal-
ysis mechanism: a conserved lysine protonates either the C5 or C6
carbon bound to the leaving carboxylate of the pyrimidine, then an
aspartate destabilizes the substrate to prepare it for decarboxyl-
ation [10,18]. A concerted and more widely accepted mechanism
has also been proposed for OMPDC based on high resolution crystal
structures (Fig. 1A) [5,7,11,24]. In this mechanism, the negative
charge region of the strictly conserved Asp positions the anionic
carboxylate of OMP, which helps to destabilize the ground state
of the substrate; meanwhile, the positively charged ammonium
group of a strictly conserved lysine is positioned close to the car-
bon, connected to the leaving carboxylate of the pyrimidine, stabi-
lizing the developing negative charge in the transition state. Thus
the OMPDC catalyzed reaction proceeds by a bimolecular electro-
philic substitution mechanism (i.e., decarboxylation and proton-
ation are concerted), which will avoid the development of a high
energy carbanion intermediate (Fig. 1A). However, recent product
deuterium isotope effect studies [25], and quantum mechanical
and molecular mechanical simulations [26] bring this mechanism
into question. Efforts have also been made to target this active site
lysine residue with covalently binding inhibitors [27].

Unlike the mechanism proposed for OMPDC, in which decar-
boxylation and protonation occur simultaneously at the C5 or C6
carbon of orotidine, decarboxylation and protonation take place
stepwise in the proposed mechanism for three other enzymes
[11,12]. In the mechanism proposed for OHCUD, the decarboxyl-
ation reaction was postulated to occur directly by using the double
bond between C5 and N1 as an electron sink to stabilize the nega-
tive charge carbanion. A Glu, analogous to the Asp in OMPDC, in
the active site may function to destabilize the ground state of the
substrate by electrostatic repulsion to facilitate the exit of the car-
boxylate group. A conserved His in the active site is believed to be
involved in the subsequent deprotonation of the hydroxyl group at
C4 and the protonation of C5 of the substrate, generating a stereo-
specific product (Fig. 1B). A similar mechanism in which the pro-
tonated imine is believed to be the electron acceptor during
decarboxylation has also been proposed [28]. Structures of both
the enzyme, and enzyme bound with allopurinol, a recently discov-
ered inhibitor, were published in 2010 [28]. Notably, these struc-
tures show a reorganization of the active site upon substrate
binding [28].

In the proposed mechanism of MMCD [6], a conserved Tyr
forms a hydrogen bond to the leaving carboxyl group of the sub-
strate and orients the substrate in a plane with the thioester car-
bonyl group. Besides this conserved Tyr, only hydrophobic
residues reside close to the negative charge of the leaving carboxyl
group. This configuration destabilizes the ground state of the sub-
strate and thus facilitates decarboxylation to leave a neutral carbon
dioxide molecule which is more favorable in this hydrophobic
environment. Two backbone amide groups from two strictly con-
served residues, a His and a Gly, form hydrogen bonds with the thi-
oester carbonyl group of the substrate to produce the required
polarization of this bond and to stabilize the proposedanionic
intermediate and transition state (Fig. 1C).

A similar mechanism has been proposed for malonate semialde-
hyde decarboxylase (MSAD) from P. pavonaceae, which also
catalyzes the decarboxylation of a b-keto acid. In the proposed
mechanism based on crystal structure, mutagenesis and inactivation
studies [13,14], conserved Pro and Asp residues create a hydrogen
bonding network to polarize the b-keto group of the substrate and
stabilize the enolate anionic intermediate by donating a proton to
the enolate anion. Two Arg residues position the leaving carboxyl
group of the substrate such that the scissile bond is in the plane
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of the b-keto group and further assist the Pro residue in stabilizing
the developing charge anionic intermediate.

Arylmalonate decarboxylase (AMDase) catalyzes the reaction of
a-aryl-a-methylmalonates to a-arylpropionates and was firstly
purified from soil bacteria [29]. While cofactor independent, it is
inhibited by sulfhydryl agents [29]. This enzyme was believed
to proceed through a thiol ester intermediate that binds to the
enzyme through a Cys residue [30]. This intermediate was trapped
using substrate analogs and has been observed using mass spec-
trometry [30] and FT-IR [31], and the enzyme was reactivated
using b-mercaptoethanol [30]. After further consideration the
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Fig. 1. Representive mechanistic models of decarboxylases without an exogen
authors later reported that the active site Cys may be used as a
proton donor [32]. The most recently proposed model suggests
that the reaction occurs in a two-base mechanism through an eno-
late transition state (Fig. 1D) [32]. AMDase has also been re-engi-
neered as a racemase [33] by a single point mutation and
through a dual mutant, leading to its enantiomeric selectivity in-
verted [34].

Acetoacitate decarboxylase (AADase) is a member of a keto-
genic pathway of enzymes that convert excess acetyl CoA into
ketone bodies for energy [35]. In 1995, Westheimer suggested that
two active site Lys residues situated closely enough in space would
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cause an electrostatic effect strong enough to deprotonate one Lys
residue [36]. He proposed that this effect was responsible for the
perturbation of this Lys pKa from 10.5 to 6. This phenomenon has
been regarded as a classic example for dramatic pKa perturbations
in enzymes [37]. Recently, the Allen laboratory determined the
crystal structure of AADase, which revealed a new protein fold.
The perturbation of the Lys residue was determined to be caused
by a highly hydrophobic environment while the second lysine in
question is responsible for fasterning the perturbed lysine in the
active site [38]. From the structural analysis of both substrate-free
and substrate (analog)-bound states of the enzyme, Allen and col-
leagues proposed a mechanism in which the deprotonated Lys res-
idue catalyzes a nucleophilic attack of an active site acid to the C3
carbonyl reducing it to a secondary alcohol. The lysine bond is fur-
ther oxidized to form a Schiff base while the C3 alcohol is reduced
to water. The formation of this Schiff base and the repulsive force
between the substrate’s carboxylate group and a nearby glutamate
residue force a planar geometry to facilitate the decarboxylation
reaction. Carbon dioxide escapes the active site and a water mole-
cule hydrolyzes the Schiff base to a deprotonated lysine and a
pyruvate (Fig. 1E) [38].

3. Biotin-dependent decarboxylases

Biotin is a covalently bound cofactor and acts as a mobile car-
boxyl group carrier. Biotin-dependent decarboxylases exist in all
free-living organisms [39]. As members of the sodium ion trans-
port decarboxylase family, the category includes methylmalonyl-
CoA decarboxylases, malonate decarboxylases, oxaloacetate decar-
boxylases, and glutaconyl-CoA decarboxylases from certain anaerobic
prokaryotes [40,41]. Biotin-dependent enzymes catalyze carboxyl
transfer reactions in numerous metabolic pathways. Specifically,
they catalyze the decarboxylation of a-keto acids and thioesters
coupled with sodium transport from the cytoplasm into the peri-
plasm under anaerobic conditions.

In general, these enzymes are large molecules comprising three
or more subunits: a biotin carboxylase subunit (a-subunit) where
the enzymes pick up the carboxyl group from substrates; a decar-
boxylase subunit (b-subunit) where the decarboxylation takes
place and the sodium ion pump is located; and a biotinyl subunit
(c-subunit) containing the specific lysine residue to which biotin
covalently binds [39,40,42,43]. A fourth subunit (d-subunit) has
been reported in all glutaconyl-CoA decarboxylases to anchor the
a-subunit to the membrane [44], while two additional subunits,
d and e, are found in malonate decarboxylases and methylmalonyl-
CoA decarboxylases [45,46]. A zinc ion is present in the c-subunit
of the oxaloacetate decarboxylase sodium pump. The role of the
metal ion is to position the oxaloacetate and to polarize the car-
bonyl oxygen bond of the substrate and to enhance the carboxyl
transferring to biotin [47,48].

Mechanisms of biotin-dependent reactions involve two distinct
major steps. Fig. 2 illustrates an example of biotin-dependent
decarboxylation described for glutaconyl-CoA decarboxylase
[39,40,49]. In this model, the first step of the reaction is a sodium
ion-independent transfer of the carboxyl group of the primary sub-
strate to biotin. This transfer takes place in the a-subunit. The car-
bonyl group of the primary substrate is polarized by hydrogen
bonds to the enzyme, forming an oxyanion hole and inducing a
transient decarboxylation of the substrate. The hydrogen bonds
between the carbonyl oxygen of biotin and the protein residues
generate another oxyanion hole, which increases the acidity of
the N1 proton of biotin to promote the transfer of this proton to
the dienolate anion derived from the substrate. Fixation of carbon
dioxide by the enzyme-bound biotin produces carboxybiotin. Next,
the carboxybiotin is brought to the decarboxylation site at the
b-subunit by the ‘‘swing arm’’ of the c-subunit, to which the biotin
is attached. The second step is a sodium ion transfer-coupled
decarboxylation of carboxybiotin, which takes place at the b-subunit.
The driving force of such a reaction is the protonation of the 2-
carbonyl oxygen of carboxybiotin.

An alternate mechanism for the biotin-dependent oxaloacetate
decarboxylase sodium ion pump has been proposed by Dimroth
et al. [47,48]. The role of the zinc ion at the c-subunit is to coordinate
and extract electrons from the carbonyl oxygen atom of the oxalo-
acetate, which in turn facilitates the CAC bond cleavage of the sub-
strate and promotes the formation of carboxybiotin at the a-
subunit. The carboxybiotin is then brought to the decarboxylation
site at the b-subunit, where the sodium ion binding site is
exposed to the cytoplasm. The binding of the first sodium ion to
the conserved aspartate-asparagine pair and a second sodium ion
to the conserved serine causes the release of a proton, which is
relayed to the carboxybiotin by several conserved polar residues
in the b-subunit. This process induces a conformational change at
the b-subunit and the sodium ion binding site becomes exposed
to the periplasm. The carboxybiotin is protonated and then followed
by decarboxylation. The sodium ions are released to the periplasm
while a proton enters and binds to the conserved Ser residue.

Malonate decarboxylases are reported to utilize CoA or an acyl-
carrier protein [43,50]. Although the mechanistic models of malon-
ate decarboxylases and methylmalonyl-CoA decarboxylases are
reported to be similar to those of glutaconyl-CoA decarboxylase
and oxaloacetate decarboxylase, in terms of the reaction site and
the transfer of the carboxybiotin, the chemical mechanisms of
these enzymes remain unclear.

4. Flavin-dependent decarboxylases

Flavin-dependent decarboxylases consist of a large family of the
homo-oligomeric flavin-containing cysteine decarboxylases (HFCD)
and phosphopantothenoylcysteine decarboxylases (PPCDC) from
both prokaryotes and eukaryotes [51,52]. The characterized mem-
bers of HFCD include the lantibiotic-biosynthesizing enzymes EpiD
[53,54] and MrsD [55]. These enzymes catalyze the oxidative
decarboxylation of the C-terminal peptidyl-cysteines to peptidyl-
aminoenthils/aminoenthiolates during the biosynthesis of antibi-
otics [53,55]. Members of PPCDC catalyze the so-called ‘‘simple’’
decarboxylation of the cysteine moiety of 40-phosphopantothe-
noylcysteine to produce 40-phosphopantetheine during the biosyn-
thesis of coenzyme A (CoA), thus the enzyme is also known as CoaC
[56,57]. Although the entire reaction looks like a ‘‘simple decarbox-
ylation’’, it is actually not as simple as it appears [51,58]. A large
body of circumstantial evidence suggests that the decarboxylation
mechanism of PPCDC is initiated in an oxidative step, followed by
the reduction of the intermediate. Thus, the key element of this
conversion is an oxidation–reduction reaction. The reaction is far
more complex than a simple decarboxylation to CO2.

Bioinformatics and mass spectroscopic studies have resulted in
the assignment of a new member to the HFCD family, Undec1A
[59]. This enzyme catalyzes the decarboxylation of L-cysteine to
form cysteamine. Besides the HFCD protein family, enzymes with
new function and structure have been added recently into this
class of decarboxylases, such as Pad1, a flavin mononucleotide
(FMN)-dependent UbiX-like decarboxylase, from E. coli O157:H7,
which does not exhibit overall sequence similarity, the substrate-
binding motif, nor the quaternary structure common to the known
members of the HFCD protein family [60].

The reaction mechanism of the HFCD protein family has been
widely studied. The flavin cofactor bound in PPCDC and EpiD is a
FMN molecule [53,58]. In contrast, MrsD binds a flavin adenine
dinucleotide (FAD) [55,61]. It seems that all three enzymes cata-
lyze the decarboxylation of cysteine residues with the same bio-
chemical principle. The ACH2ASH side chain of the C-terminal
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cysteine residue is oxidized to a thioaldehyde or to a tautomeric
enethiol with the concomitant reduction of the flavin cofactor.
Decarboxylation of the thioaldehyde/enethiolate intermediate
occurs spontaneously, because this step is favored by the delocal-
ization of the negative charge of the adjacent thioaldehyde group
in the manner similar to the decarboxylation of b-keto acids. The
resulting enethiol is released as the final product of the reaction
in EpiD and MrsD [53,55]. Fig. 3 depicts a mechanistic model for
the HFCD protein family proposed by Begley et al. [7,51,62]. The
observation of a substrate-induced thiolate-flavin charge transfer
suggests that a flavin–thiol adduct intermediate (A) is formed
and that electron transfer from the thiolate to FMN is mediated
by a flavin C4a-thiol adduct [63]. However, a consensus on the
electron transfer mechanism has not been reached. The Kupke
group argues against the mechanism via the flavin–thiol complex
based on the crystal structure of EpiD and PPCDC, proposing
instead that the transfer takes place through a single electron
transfer mechanism [53,58]. The b-thiolketo acid intermediate
(C) has been characterized by a crystallographic study [58] and
trapped with a mechanism-based inactivating agent [51].

In the case of PPCDC, the enethiolate intermediate is then
reduced to a thiol, giving the net decarboxylation of cysteine
accompanied by the re-oxidation of the cofactor FMNH2 back to
FMN. A conserved active site cysteine residue plays an important
role in catalysis by transferring a proton to the C@C of the enethi-
olate intermediate, although whether the protonation site is at Ca
or at Cb is under debate [51,58]. The rationale for the enethiolate
becoming reduced in PPCDC but not in EpiD and MrsD is attributed
to a conserved active site cysteine residue in PPCDC, which is re-
placed by a serine or threonine residue in EpiD and MrsD. The re-
duced enethiolate in PPCD, but not in EpiD or MrsD is attributed to
a conserved active site cysteine which is replaced by a serine or
threonine in the latter enzymes. Neither serine nor threonine is
strong enough to induce protonation of the C@C double bond nec-
essary for the reduction to occur [51]. Despite the agreement on
the important role of the active site cysteine residue, the detailed
reduction reaction mechanism remains unsettled. Similar to that
of the oxidative decarboxylation reaction, some evidence suggests
electron transfer occurs via a flavin–thiol adduct while other evi-
dence supports a direct hydride transfer from FMNH2 to the thio-
late intermediate [51,58,62].

5. Glycyl radical-dependent decarboxylases

Glycyl radical is generated by removing a hydrogen atom from a
glycine. Enzymes have the glycyl radical localized on protein main
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Fig. 4. A mechanistic model for 4-hydroxyphenylacetate decarboxylase.
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chain and use it for catalysis belong to the glycyl radical enzyme
(GRE) family. Members in this family are involved in a large variety
of functions. Pyruvate formate lyase, benzylsuccinate synthase and
anaerobic ribonucleotide reductase are among the best character-
ized members. 4-Hydroxyphenylacetate decarboxylase (HPAD) is
a new member of GRE family [64]. This enzyme catalyzes a Kolbe-
type decarboxylation [65] by using a protein-based glycyl/thiyl
radical to catalyze the last step of tyrosine fermentation in clos-
tridia. The decarboxylation product p-cresol is a virulence factor
of the human pathogen Clostridium difficile. HPAD is initially syn-
thesised in inactive proenzyme forms and require posttranslational
activation by dedicated iron–sulfur clusters for catalytic activity.
These activating proteins are members of the S-adenosylmethionine
(SAM) radical enzyme superfamily and catalyze the reductive
cleavage of SAM to yield methionine and a 50-deoxyadenosyl radi-
cal [66–69]. The radical abstracts the pro-S-hydrogen atom from
the a-carbon of a specific glycyl residue in the proenzyme of HPAD,
and forms a protein-bound thiyl radical that is essential for cata-
lytic activity. As seen in other glycyl radical enzymes, the activated
form of HPAD is extremely sensitive towards oxygen inactivation
like other members in this enzyme family [70].

The crystal structures of the enzyme from C. scatologenes
in both substrate-free and substrate-bound (obtained by crystal
soaking) are available [65]. The substrate carboxyl group is shown
interacting with the active site cysteine residue, and the substrate
hydroxyl group is anchored by a histidine and a glutamic acid
residue. In the catalytic cycle, the HPAD thiyl radical first abstracts
a hydrogen atom from the substrate, then the anion radical sub-
strate decarboxylates spontaneously. A neutral radical substrate is
further formed by obtaining a hydrogen atom. The enzyme bound
thiyl radical is regenerated by donating a hydrogen atom to the
neutral radical intermediate and leads to the formation of the final
product, p-cresol (Fig. 4).
6. NAD+/NADP+-dependent decarboxylases

Both NAD+ and NADP+ are common cellular oxidizing agents. It
is thus not surprising that NAD+/NADP+-dependent decarboxylase
reactions always proceed in an oxidative fashion. Enzymes known
to utilize NAD+ and NADP+ for decarboxylation include malic
enzymes, which catalyze the reversible oxidative decarboxylation
of L-malate to pyruvate [71–74]; isocitrate dehydrogenase, which
generates a-ketoglutarate in the citric acid cycle [75]; 6-phospho-
gluconate dehydrogenase, which catalyzes the reversible oxidative
decarboxylation of 6-phosphogluconate to ribulose 5-phosphate
[76]; tartrate dehydrogenase, which in addition to oxidizing tar-
trate to oxaloglyconate, catalyzes the oxidative decarboxylation
of D-malate to pyruvate and mesotartate to D-glycerate [77];
UDP-glucuronate decarboxylase, which converts UDP-glucuronate
to UDP-xylose [78,79]; ArnA, which oxidizes UDP-glucuronic acid
to produce UDP-4-keto-arabinose [80,81]; 4a-carboxysterol-C3-
dehydrogenase and C4-decarboxylase, which removes CO2 from
several substrates in higher plants [82].

Several NAD(P)+-dependent decarboxylases, such as malic
enzymes and isocitrate dehydrogenase, require a divalent metal
ion as activator. The most common metal ions employed are
Mg2+ and Mn2+. Tartrate dehydrogenase is unique because it re-
quires both a divalent metal ion and a monovalent metal ion for
catalysis. In contrast, 6-phosphogluconate dehydrogenase/decar-
boxylase and prephenate dehydrogenase do not require any metal
ion for their catalytic activity [79,83].

The substrates of these enzymes generally contain a b-hydroxyl
group linked to a carboxyl group. Among this class of enzymes,
malic enzymes are the most extensively studied. Fig. 5 illustrates
a proposed mechanism for malic enzymes. Besides its function in
maintaining the integrity of the enzyme’s oligomeric structure,
the divalent metal ion is suggested to be important in catalysis
[84]. The metal ion keeps malate in place by binding to the C4-
carboxyl group and the b-hydroxyl group. The catalysis by malic
enzymes generally proceeds in a stepwise acid–base mechanism.
First, a general base deprotonates the b-hydroxyl group and facili-
tates a hydride transfer from malate to the NAD(P)+ cofactor, lead-
ing to the dehydrogenation of malate, production of oxaloacetate,
and reduction of the nicotinamide cofactor [83,85]. This general
base, which becomes a general acid, then promotes the decarbox-
ylation of oxaloacetate to generate enolpyruvate by giving the
proton back to the resulting enolate group [84]. The coordination
of the metal ion to the keto group helps to polarize this group
and facilitate the decarboxylation reaction [83]. The leaving car-
boxyl group is out of the plane created by the other three carbon
atoms of malate [73], which facilitates the decarboxylation reac-
tion. Tautomerization of enolpyruvate to form pyruvate is assisted
by a pair of general acid and general base residues [84]. Some malic
enzymes can directly use oxaloacetate as a substrate [86]. Other
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enzymes, such as 6-phosphogluconate dehydrogenase and PA4872
from the PEP mutase/isocitrate lyase superfamily, utilize a mecha-
nism similar to that illustrated for malic enzymes [87,88].
7. Pyridoxal 50-phosphate (PLP)-dependent decarboxylases

Pyridoxal 50-phosphate (PLP) dependent enzymes are ubiqui-
tous and central to a wide variety of anabolic and catabolic path-
ways in the metabolism of nitrogen-containing compounds. They
catalyze a wide range of reactions at the a-, b-, and c-carbons of
amine and amino acid substrates in animals, plants, and microor-
ganisms [89]. The decarboxylation of amine and amino acids is a
key step in the synthesis of neurotransmitter amino compounds
and other physiologically important compounds. The chemical
mechanism of the PLP-dependent decarboxylases, such as dialkyl-
glycine decarboxylase, glutamate decarboxylase, aromatic L-amino
acid decarboxylases, and ornithine decarboxylase is well estab-
lished [90–94]. A representative mechanism of a-decarboxylation
catalyzed by PLP-dependent decarboxylases is shown in Fig. 6.

In the resting state of the enzyme, PLP forms an internal aldim-
ine with the e-amino group of a specific Lys residue [94]. The oblig-
atory first chemical step in all PLP-dependent enzymatic reactions
is the formation of a Schiff base intermediate, named the ‘external
aldimine’, between the coenzyme aldehyde and the substrate ami-
no group. The general utility of PLP is derived from its ability to sta-
bilize the carbanions generated adjacent to the Schiff base in the
external aldimine intermediate by delocalization of the developed
negative charge into the extended p bonded system, i.e., Schiff base
and pyridine ring [95]. The PLP cofactor serves as an ‘‘electron sink’’
that stabilizes the developing carbanion in the transition structure
which leads to the loss of CO2. The cleavage of the CAC bond is also
aided by a hydrophobic or negatively charged environment, which
destabilizes the charged carboxylate and favors the more electro-
statically neutral transition state [93,96]. A general acid facilitates
the protonation at Ca to form the imine product, which is followed
by transaldimination and the release of the corresponding amine
product. The protonation can also occur at C4 which has been pro-
posed for the decarboxylation half reaction of dialkylglycine decar-
boxylase [94,97,98]. In P. dacunhae aspartate b-decarboxylase, an
arginine residue has been identified as the primary mediator of
the protonation state using rapid scanning stopped-flow kinetics.
As such, this residue may be responsible for mediating the reaction
cycle [99].
8. Pyruvoyl-dependent decarboxylases

a-Amino acid decarboxylation is a key step in the synthesis of
neurotransmitter amino compounds. Two strategies are known
for this decarboxylation process, PLP-dependent decarboxylases
and pyruvoyl-dependent decarboxylases, and both take advantage
of p electron delocalization. These enzymes are known to form
intermediate imine compounds through a reaction of the substrate
amino group with the carbonyl moiety of the enzyme prosthetic
group. It is thought that the pyruvamide and PLP serve as electron
sink and stabilize the developing carbanion in the transition struc-
ture. The mechanism discussion will be focused on those proposed
for pyruvoyl-dependent decarboxylases, including arginine decar-
boxylase [74], S-adenosylmethionine decarboxylase [100], aspar-
tate-1-decarboxylase [101], bacterial histidine decarboxylase
[102], and phosphatdylserine decarboxylase [103]. These enzymes
produce important biological amines such as decarboxylated S-
adenosylmethione (the aminopropyl donor for polyamine biosyn-
thesis), histamine (a neurotransmitter), phosphatidylethanolamine
(a component of membrane phospholipids), and b-alanine (a pre-
cursor of pantothenate and coenzyme A), which are all critical to
cellular physiology and thus important targets for drug design.
These pyruvoyl-dependent decarboxylases are all synthesised as
zymogens. The pyruvoyl cofactor in these decarboxylases is result-
ing from the self-modification of an internal serine residue of the
proenzyme [100,104].

In these decarboxylases, the pyruvoyl group functions through
the formation of a Schiff base with the substrate to promote decar-
boxylation. This mechanism resembles the one postulated for the
action of PLP dependent decarboxylases. However, in contrast to
PLP-dependent enzymes, where PLP forms an internal aldimine
with the e-amino group of a specific Lys residue in the resting state
of the enzyme [94], the carbonyl group of the pyruvoyl enzymes is
free [105]. The route of the formation of the intermediate enzyme-
substrate imines differs in the two groups of enzymes.

A representative mechanism proposed for pyruvoyl-dependent
decarboxylases is illustrated in Fig. 7. The Schiff base intermediate
is formed from the pyruvoyl moiety of the enzyme by reacting with
the amino group of the amino acid substrate. In this imine interme-
diate, the acyl-carbonyl group of the pyruvoyl moiety functions as
an electron sink, stabilizes the charge developed during the reac-



Fig. 7. A proposed mechanism for pyruvoyl-dependent decarboxylase reactions.
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tion, and thus assists the decarboxylation. This process is homolo-
gous to that of PLP-dependent decarboxylases. Another similarity
between the two mechanisms is that the substrate carboxylate in
pyruvoyl-dependent decarboxylases is in an environment predom-
inated with hydrophobic and negatively charged residues [105].
This property destabilizes the ground state of the reactant and
promotes the leaving of the carboxyl group. The a-carbon is then
protonated to form the product imine intermediate, which has
been experimentally characterized [102]. Hydrolysis of this imine
causes the release of amine product and the regeneration of the
pyruvoyl-enzyme.

9. Thiamine diphosphate (ThDP)-dependent decarboxylases

Thiamine diphosphate (ThDP), the biologically active derivative
of vitamin B1, is used by various enzymes as a cofactor to perform
a wide range of catalytic functions, including the decarboxylation of
a-keto acids and transketolation. The ThDP-dependent decarboxylases,
such as pyruvate decarboxylase, benzoylformate decarboxylase,
oxalyl-CoA decarboxylase, and phenylpyruvate decarboxylase,
contain ThDP and a divalent cation (Ca2+, Mg2+, or Mn2+) as cofac-
tors and activators to catalyze the non-oxidative decarboxylation
of a-keto acids to corresponding aldehydes and a carboligation
reaction forming hydroxyl ketones [106–110]. ThDP binds to the
enzyme through a conserved hydrogen-bond network and the
coordination of its diphosphate moiety to the Mg2+ or other alter-
native divalent ions [107,111]. The metal cofactor is coordinated to
a conserved motif of the enzymes [107,112,113].

In the case of pyruvate decarboxylase, the C-terminal helix and
two additional loops close the substrate channel and may create a
more hydrophobic active site to facilitate the deprotonation of the
C2 carbon of ThDP to stabilize hydrophobic intermediates [114].
The active site of pyruvate decarboxylase contains several hydro-
philic functional groups that could otherwise negatively affect
the formation of hydrophobic species.

The ability of the thiazolium ring of ThDP to form a nucleophilic
anion, to bind to the a-carbonyl group of an a-keto acid, and to sta-
bilize the negative charge created upon cleavage of CO2 makes the
decarboxylation of an a-keto acid to generate an aldehyde possible
[108]. The catalytic cycle of ThDP-dependent decarboxylases can
be divided into a number of steps (Fig. 8) [106,111,112,115,116].
In the first step, the thiazolium C2 atom is deprotonatated to a
highly nucleophilic ylide (ylide-ThDP) using the N40 nitrogen atom
as the general base with the facilitation of the interaction of a con-
served acidic residue and the N10 atom of the pyrimidine ring in
the proximity of the coenzyme [116–118]. It has been recently re-
ported that the pyrimidine moiety exists in several tautomeric
forms simultaneously and the 10,40-iminopyrimidine tautomer is
believed to be the intramolecular trigger to produce the reactive
ylide-ThDP [106]. Upon the entry of the substrate the ylide-ThDP
attacks the substrate carbonyl forming the first covalent tetrahe-
dral intermediate [119]. Decarboxylation of this intermediate leads
to a C2-a-carbanion which is resonance-stabilized by its enamine
form. The thiazolium ring of ThDP acts as an electron sink after
decarboxylation [120,121]. C-protonation of this enamine interme-
diate yields a second tetrahedral intermediate. Deprotonation of
this intermediate with concomitant cleavage of the CAC bond be-
tween C2 of ThDP and Ca of the intermediate finally releases the
product. The nucleophilic attack of the C2-a-carbanion intermedi-
ate on another aldehyde allows for carboligation and the produc-
tion of a hydroxyl ketone [122,123]. This mechanism is further
supported by the irreversible phosphorylation of the enzyme by
mechanism-based inhibitors, such as keto acid phosphanates.
These inhibitors have also been proven to be effective for benzoyl-
formate decarboxylase [124].

In addition to the nonoxidative decarboxylation conversion of a-
keto acids to the respective aldehydes and the carboligation reaction
to form hydroxyl ketones, the ThDP-dependent enzymes can also
catalyze several other reactions. Such reactions involve the decar-
boxylation of an a-keto acid, as in the preceding steps, using the
thiazolium ring as an electron sink and the oxidation of the enamine
intermediate by various oxidative agents through different mecha-
nism. These enzymes include the entire family of a-keto acid dehy-
drogenase multienzyme complexes which use lipoic acid as the
oxidative agent [125], pyruvate-ferredoxin oxidoreductases which
employ Fe4S4 cluster as the redox agent [116,126], and the pyruvate
oxidases which utilize flavin as the oxidant [127]. All decarboxyl-
ation reactions in these enzymes are oxidative.

10. Metal- and O2-dependent decarboxylases

Metal ions are employed as cofactors in many decarboxylases,
some of which do not function as catalytic centers while others
do. As described above, the Zn2+ ion in the biotin-dependent
decarboxylases helps to properly orient the substrate while the
Mg2+ ion in the ThDP-dependent decarboxylases assists in binding
the thiamine cofactor. In NAD(P)+-dependent decarboxylases, such
as malic enzymes, a divalent metal ion (Mn2+ or Mg2+) plays an
important role in both catalysis and structure stability. In this sec-
tion only those decarboxylases containing metal cofactors and not
organic cofactors, with the metal ions playing a catalytic role, are
discussed.

10.1. Mechanism of ferrous-dependent oxidative decarboxylases

Ferrous ion-dependent decarboxylases include gallic acid
decarboxylase [128], bifunction CloR decarboxylase [129], and
a-ketoglutarate (aKG)- and nonheme ferrous-dependent dioxy-
genases [130,131]. Until recently, little was known about gallic
acid decarboxylase. CloR decarboxylase is proposed to be a unique
member of the a-ketoglutarate (aKG)- and nonheme ferrous-
dependent dioxygenase family. This enzyme catalyzes two consec-
utive oxidative decarboxylations within a single biosynthetic
pathway.

The a-ketoglutarate-dependent dioxygenase reaction proceeds
in two half reactions. The first half of the reaction is a ferrous and
O2-dependent oxidative decarboxylation reaction of aKG. The cleav-
age of the OAO bond results in one oxygen atom inserting into aKG
while the other oxygen remaining at the Fe center (Fig. 9). These



Fig. 8. Reaction mechanism of ThDP-dependent decarboxylases.

Fig. 9. A proposed mechanism for ferrous-dependent oxidative decarboxylation of aKG.
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aKG- and Fe-dependent enzymes are widespread and versatile, cat-
alyzing an exceptionally wide range of energetically demanding bio-
synthetic and degradative reactions such as the stereo-selective
desaturation of unactivated CAC single bonds, ring expansion, oxi-
dative ring closure, and hydroxylation processes [131], which are
important in the biosynthesis of collagen [132], antibiotics biosyn-
thesis [133,134], cellular response of hypoxia [135], repair of alkyl-
ated DNA [136,137], regulation of gene expression by demethylation
of histones [138], and many other biological processes.

The catalytic mechanism of aKG-dependent dioxygenases has
been extensively studied. This family of enzymes all require an
iron(II) center, which is relatively weakly coordinated by three
amino acid side chains, typically in a 2-his-1-carboxylate facial
triad [139]. The mechanism for this group of decarboxylases
proceeds via an Fe(IV)@O intermediate (Fig. 9), which was first pro-
posed three decades ago and recently confirmed by Bollinger and
Krebs using EPR and Mössbauer spectroscopy [140–145] and by
Hausinger using continuous-flow resonance Raman spectroscopy
[146,147]. In this model, the binding of the enzyme to aKG, the
primary substrate, and the binding of molecular oxygen follows an
ordered binding mechanism [145,148]. The iron center of the resting
enzyme is coordinated with two histidines and one carboxylate (Asp
or Glu) residues together with three water molecules. The addition
of the co-substrate, aKG, will replace the two water ligands with
its 1-carboxyl and 2-keto groups. The primary substrate will then
enter and expel the third water molecule, which leads to an empty
coordination site ready for a dioxygen molecule to come in and
bind to the iron center [145,149]. Addition of dioxygen to the sub-
strate/co-substrate/iron-bound enzyme complex leads to the oxi-
dation and decarboxylation of aKG to produce succinate and
form a substrate-hydroxylating Fe(IV)@O species through two
non-accumulating complex species in which the Fe(IV)@O inter-
mediate has been trapped and characterized [140,144,146,150–
152]. Although the details of the decarboxylating mechanism
remain elusive, it has been demonstrated that decarboxylation of
aKG occurs prior to or concomitantly with the formation of this
substrate-hydroxylating Fe(IV)@O intermediate [151]. Carbon
dioxide may remain bound to the metal center in its hydrated or
nonhydrated form as observed in the self-hydroxylation reaction
study in taurine/aKG dioxygenase [153] and the crystallographic
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study in deacetoxycephalosporin C synthase [154]. In the next step,
the highly reactive Fe(IV)@O intermediate abstracts a hydrogen
atom from the primary substrate and generates a radical species
on the substrate. It also causes a reduction of the metal center.
The radical abstracts the hydroxyl group from the iron center,
resulting in the hydroxylation of the substrate [143,144].

The rate-determining step in the catalytic cycle is the release of
products [151]. For some enzymes in this family, the Fe(IV)@O inter-
mediate is believed to perform an electrophilic attack on the aro-
matic ring of the primary substrate rather than hydrogen
abstraction [143,155,156]. In aKG-dependent halogenates, the iron
center is coordinated by two histidine residues, aKG, water, and
chloride, i.e., the carboxylate of the facial triad is replaced by a chlo-
ride ion [157]. It is believed that halogenation activity may have
evolved from hydroxylation by iron ligand replacement. A
ClAFe(IV)@O intermediates purportedly abstracts a hydrogen from
the primary substrate while the chlorination occurs by the rebinding
of chlorine rather than oxygen to the radical on the substrate [140].
10.2. Mechanism of manganese-dependent decarboxylases

Enzymes that require Mn2+ and O2, but not any organic cofac-
tors, to decarboxylate substrates include oxalate decarboxylase
(EC 4.1.1.2) and the closely related oxalate oxidase (EC 1.2.3.4).
Moreover, 4-oxalocrotonate decarboxylase (EC 4.1.1.77) forms a
complex with vinylpyruvate hydratase and utilizes either Mn2+

or Mg2+ as a cofactor to convert 2-oxo-3-hexenedioate to 2-oxo-
4-hydroxypentanoate [158,159]. Oxalate decarboxylase catalyzes
the conversion of oxalate to formate and carbon dioxide. Oxalate
decarboxylase utilizes both Mn2+ and dioxygen as its cofactors,
but the reaction does not involve a net redox change [160]. Oxalate
oxidase also requires Mn2+ and dioxygen for its catalytic activity.
Furthermore, it degrades oxalate to produce carbon dioxide. How-
ever, the reaction uses dioxygen as a substrate involves a net redox
reaction [161,162]. Both oxalate decarboxylase and oxalate oxidase
catalyzing reactions utilize free radicals to cleave a relatively stable
carbon–carbon bond. Current proposed mechanisms for oxalate
degradation by oxalate decarboxylase and oxalate oxidase suggest
several essentially identical steps up to formation of the Mn-bound
formyl radical [161,163]. In fact, it has been demonstrated that
oxalate decarboxylase can be converted to an efficient oxalate
oxidase by mutating amino acids on a flexible active site lid
[164]. Fig. 10 illustrates a proposed mechanism for oxalate decar-
boxylase based on a number of hypotheses [7,161–166].

In 2007, the two metal centers in oxalate decarboxylase were
individually characterized using high field, multifrequency EPR
Fig. 10. Proposed mechanism
spectroscopy [167]. The carbon dioxide anion radical shown in step
five in Fig. 10 was trapped in oxalate decarboxylase by Angerhofer
and co-workers in 2011 using an EPR spin trapping technique.
Through mutagenesis, the authors were able to disrupt a hydrogen
bond responsible for closing the flexible loop across the substrate
binding channel. This led to a buildup of a carbon dioxide anion
radical. A closed conformation is required for decarboxylation,
which ensures that the harmful anion radical intermediate remains
bound at the active site during catalysis [168]. At the resting state
of the enzyme, Mn2+ coordinates to three conserved histidine res-
idues, a conserved glutamate or aspartate residue, and two water
molecules [162,166]. When malate comes into the active site, it
binds to the metal ion monodentately and replaces one of the
water molecule ligands. Then dioxygen binds to Mn2+ and replaces
the other water molecule. One electron transferred from the metal
to the binding dioxygen results in a Mn3+-superoxo species, which
functions as an electron sink to facilitate the decarboxylation reac-
tion. An electron is drawn from the bound substrate to the metal to
generate a radical on the bound oxalate. Cleavage of the CAC bond
of this radical intermediate releases CO2 and gives a manganese
ion-bound formyl radical anion intermediate. At this point the
mechanisms of oxalate oxidase and oxalate decarboxylase purport-
edly divert. In the hypothetical mechanism of oxalate decarboxyl-
ase, protonation occurs at the carbanionic carbon of the formyl
radical intermediate, which is followed by an electron transfer
from the manganese ion to the formyl radical forming a product
bound Mn3+-superoxo species. Product dissociation from the active
site completes the reaction cycle and regenerates the enzyme.
10.3. Mechanism of magnesium-dependent decarboxylases

Divalent metal ions can catalyze a decarboxylation reaction at
the b-carbon of a-keto carboxylic acid, while decarboxylases can
increase the rate of the reaction dramatically [169]. One of the
most extensively studied cases is the decarboxylation of oxaloace-
tate. The reaction catalyzed by oxaloacetate decarboxylase is
dependent on divalent metal ions. This enzyme is active with
either Mn2+ or Mg2+. Besides the divalent ion, the decarboxylation
catalyzed by this enzyme from some organisms also requires bio-
tin, while NAD(P)+ is essential for the enzyme from other species.
A proposed mechanism for oxaloacetate decarboxylase from Pseu-
domonas putida, which requires only divalent metal cations, is
shown in Fig. 11 (upper reaction scheme) [170]. The decarboxyl-
ation catalyzed by 4-oxalocrotonate decarboxylase is believed to
proceed in a mechanism similar to that of oxaloacetate decarbox-
ylase [158]. The metal divalent cation is thought to form a complex
for oxalate decarboxylase.
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with the a-keto acid moiety and one of the oxygen atoms from the
carboxyl group of the substrate, functioning as an electron sink to
stabilize the enolate intermediate [169,171,172]. The enzyme
serves to provide substrate specificity [169] and to lower the
energy of the ground state to a much more favorable value [173].
Protonation at the Cb position yields the product pyruvate. The pro-
ton incorporated in the product can be in a retained or inverted
stereochemical configuration compared to the leaving carboxyl
group of the substrate [174].

A recent study reported that the decarboxylation catalyzed by
3-keto-L-gulonate 6-phosphate decarboxylase is also Mg2+ ion-
dependent. The reaction mechanism of this enzyme has been
extensively studied [175–180]. These studies have provided a
hypothetical mechanism shown in Fig. 11 (lower reaction scheme).
In the proposed mechanism, the departure of CO2 is facilitated by
forming an enediolate intermediate stabilized by the Mg2+ ion.
However, the required Mg2+ ion does not ligate to the oxygen of
the carboxyl group. Instead it coordinates to the oxygen of the
keto-group at the C3 position and the oxygen of the hydroxyl-group
at the C4 position of the substrate, forming a cis-1,2-enediolate
intermediate. Protonation of C1 of the intermediate is completed
through a proton relay system involving two alternative water mol-
ecules in the active site and the side chains of a conserved histidine
or a conserved arginine as the ultimate proton sources. Protonation
can lead to either R or S configurations depending on which of the
two conserved residues is used as the ultimate source of the proton.
11. Transient metal-dependent, O2-independent decarboxylases

a-Amino-b-carboxymuconate-e-semialdehyde decarboxylase
(ACMSD) was initially thought to be a cofactor-free enzyme
[181,182]. It has recently been found to be a metalloenzyme belong-
ing to the amidohydralase superfamily [183,184]. This enzyme is an
illustrative example of the ACMSD protein family (also known as the
Amidohydrolase_2 subfamily) [185], whose members are
Fig. 12. A working hypothesis for me
decarboxylases or hydrotases rather than hydrolases or deaminases.
Members of the ACMSD protein family catalyze a CAC bond cleavage
reaction instead of hydrolytic reaction [186,187]. Understanding the
mechanism of ACMSD will shed light on the mechanisms of the con-
tinually emerging members of the ACMSD protein family. However,
it is unknown whether ACMSD adopts the mechanism from the ami-
dohydrolase_1 subfamily or follows a model evolved by other decar-
boxylases [188]. Fig. 12 is a mechanistic model adopted from the
well-characterized amidohydrolase_1 subfamily. In the first step,
the substrate binds to the enzyme with its C2 carboxylate close but
not to the metal center at a rate of 2.4� 106 s�1 M�1 [189]. An active
site histidine, His228 as numbered in the Pseudomonas fluorescens
(Pf) enzyme [186], assists in the deprotonation of a water ligand to
form hydroxide, which then nucleophilically attacks the double
bond between C2 and C3 of the substrate, resulting in a hydrated tet-
rahedral intermediate. The subsequent collapse of the tetrahedral
intermediate is assisted by the concerted deprotonation of His228
and the rebinding of the hydroxyl group to the metal ion. The carbox-
ylate attached to the C3 position becomes the leaving group. The
decarboxylation step is a rapid reaction (>500 s�1) but the release
of the product aminomuconate-e-semialdehyde is slow (9 s�1)
[189].

The amidohydrolase-derived mechanism shown in Fig. 12 pre-
dicts that the metal-bound hydroxide is the catalytic driving force
of the decarboxylation reaction. The pKa value of the water ligand
is lowered from 15.7 of the unbound state to about 9.6 because of
its coordination to zinc [190,191]. This value can be further re-
duced to nearly the physiological pH with the assistance of an ac-
tive site base catalyst, presumably His228 in PfACMSD, and
therefore generates a hydroxide anion, which performs a nucleo-
philic attack on the C2 and C3 double bond of the substrate. As ex-
pected, mutation at His228 significantly reduces the enzyme
activity and removal of the metal bound water molecule com-
pletely deprives the enzyme activity [184].

This hydroxide attack mechanism is believed to be present in
the enzyme 4-oxalomesaconate hydratase, which was identified
as a part of this family in a recent bioinformatics study [186].
The hydratase enzyme catalyzes the addition of a hydroxide ion
and a proton across a C@C bond of its substrate. The added hydrox-
ide is preserved in the product so that the proposed hydroxide at-
tack for the ACMSD enzyme family is visualized in this specific
member, as if it were an interruption of an ACMS decarboxylation
reaction. The metal-bound hydroxide attack of the substrate is also
proposed to occur in another structurally characterized decarbox-
ylase member of the ACMSD family, c-resorcylate decarboxylase
[192]. Therefore, the metal-bound hydroxide assisted CAC/C@C
cleavage is likely to be a common mechanism for the ACMSD sub-
family of the amidohydrolase superfamily.
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